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Abstract
The interface at the cell membrane and cytosol offers a wealth of possibilities for
intermolecular interactions. Molecular anchors, -bridges, -transmembrane connectors as
well as cascades of proteins inside the cell regulate the bidirectional exchange of
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information between the cell and extracellular environment. Previously, little attention
has been given to lipids that are essential for the membrane architecture and for the
regulation and function of membrane-associated cytoskeletal proteins. The emergence
of new biophysical techniques has spurred rapid acceleration in the ability of researchers to investigate and understand protein–lipid membrane interactions in artificial systems as well as in cells. Stopped-flow kinetics, differential scanning calorimetry (DSC),
solid-state nuclear magnetic resonance (NMR) spectroscopy as well as fluorescence
recovery after photobleaching (FRAP) will be described and their application will be
discussed.

1. Introduction
Proteins that interface between the cytoskeleton and the plasma membrane
control cell shape and tension, and stabilize attachments to other cells and to
extracellular substrates. Signals that reach the cell surface and induce intracellular
responses may be hormonal, chemical or mechanical. Similarly, signals from inside
the cell can give rise to changes in cell membrane architecture, whilst signals,
transmitted laterally, within the plane of the lipid membrane may have long-range
effects on the cell surface [1–6].
Many proteins exist in soluble forms in the cytoplasm and fractions may
associate transiently with the boundary of the lipid membrane. In an aggregate
form, proteins (and their complexes) are likely to interact in a two-step mechanism:
an initial electrostatic attraction is followed by some form of lipid insertion, which
may be associated with protein refolding events. Conformational changes only
occur when the lipid membrane finds compatible and complementary configurations such as exposed combinations like a-helices or b-strands on the protein.
The assumption is that surface binding to polar lipid head groups is achieved by
exposing amphipathic secondary structures, predominantly a-helices. Insertion into
one-half of the hydrophobic bilayer requires b-barrels or hydrophobic a-helices.
Even when only the amino acid sequence is known, the predictive methods to
describe these lipid-binding structures are often accurate. A hydrophobicity index
based on physio-chemical properties for each amino acid and the probability, that a
protein is membrane spanning or inserting, is derived by hydrophobic plots. We
used purpose-written computer matrices to discriminate between liquid surfaceseeking and transmembrane configurations of a-helices [7]. By applying this
method, we are able to predict potential lipid-binding motifs for several proteins
with high accuracy including Cap-Z, filamin, a-actinin, PR3 and other
membrane-associated proteins [7–11].
Since new physical techniques have become available, investigating the lipid
membrane interface has gained more interest among biochemists and cell biologists.
In this chapter, we describe in Section 2 the stopped-flow, in Section 3 differential
scanning calorimetric (DSC) and in Section 4 solid-state nuclear magnetic resonance (NMR) measurements to study interactions between proteins and lipid
membranes. We further summarize in Section 5 fluorescence recovery after
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photobleaching (FRAP) studies aimed at elucidating events accompanying protein
binding in cells.

2. Stopped-Flow Spectrophotometer
The principle of this method is to mix two reactant solutions by rapid flow, to
stop the flow and to observe the change continuously in an observation cell. The
application and limitations are discussed in detail by Gutfreund [12], Bernasconi
[13] and Goldmann et al. [14].
All experiments that are described here were carried out on an SF 61 stoppedflow spectrophotometer supplied by Hi-Tech-Scientific, Salisbury, UK. A
schematic representation of the unit is shown in Fig. 1. The unit consists of two
1 ml Hamilton drive syringes, which can be filled from reservoirs. Syringes are
driven simultaneously by compressed air from a pressure-driven ram mounted upon
the base unit. At 3 bar normal operating pressure, the dead time is measured to be
around 1.5 ms. Solutions are rapidly mixed in a quartz observation/reaction cell that
can be controlled thermostatically. The cell is set in light scatter mode with 10 nm
path length. Light is transmitted to the cell via a quartz fiber optic light guide.
Emitted light from the reaction/observation cell is sent via a silvered quartz rod
to the photomultiplier. The flow is stopped using another 1 ml Hamilton syringe.
A micro-switch is pressed by the stopping syringe to give a trigger pulse. The
temperature is indicated by a thermocouple placed in the fluid-handling unit and
maintained by an external heating device.
A purpose-built stabilized power supply is the energy source for the 100 W
high-pressure mercury or Xenon lamp. Light is monochromated with a band pass
width of 5 nm by a M300 monochromator. Light scatter measurements of protein–
protein and/or protein–lipid interactions are followed at 355 nm and light is passed
through a Schott UG11 filter to cut higher order deflections. Emitted light is

Figure 1 Schematic representation of the stopped-£ow apparatus. PS, Probe syringe; M, Mixer;
C, Reaction/observation cell; SS, Stopping syringe; SB, Stopping block/micro-switch; PM,
Photomultiplier; LG, Light guide; MCh, Monochromator; DAS, Data acquisition system.
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detected at 901 for light scatter measurements through a Schott KV 393 filter. The
signal is electronically filtered by an unit gain amplifier. The time constant is
normally 5% of the half time of an observed protein–protein reaction. High-tension
power to drive the photomultiplier is adjusted so that the output is between 1.0 V
and 5.0 V depending on the reaction. The signal is then offset to zero voltage,
using the backing off on the unity gain amplifier. Transient recorders are triggered
by a 5.0 V pulse opening the micro-switch on the stopping block of the stoppedflow machine. The analogue signal from the photomultiplier is then digitized
before being transferred to a computer for further analysis. The data are analyzed
either as single or averaged traces.

2.1. ‘Slow’ Temperature Jump Apparatus
Stopped-flow for a temperature jump has been modified according to Goldmann
and Geeves [15] (Fig. 2). This method is capable of measuring temperature differences larger than 101C in less than 150 ms and is sensitive and reliable for measuring
myosin II–lipid insertion events.
In this example, a myosin IIlipid solution is held in a single syringe 151C (T1).
A driving mechanism operated by compressed air pushes the sample into the observation cell. The tubing and the cell are immersed at 301C (T2). Temperature
regulation is provided by an external heater and an internal thermocouple.
A micro-switch is triggered by a front stop that initiates signal detection. The
system is designed to allow the solution to equilibrate to the new temperature (T2)

Figure 2 Water circulation at the stopped-£ow apparatus. From left to right: electronics unit;
sample-handling unit; ice container for cooling and hot plate for heating the circulating solution.
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in the cell. Changes in light scatter signal at 355 nm and at a 901 angle are recorded
with time. The optical and detection systems are discussed in the stopped-flow
spectrophotometer chapter.

2.2. Results
Using the modified stopped-flow apparatus we can show that light scattering can be
applied to measure the affinity of myosin II to lipid vesicles. This method is a
development for experimental work by Goldmann et al. [16] and the analysis by
Michel et al. [17]. In brief, a solution of 120 ml myosin IIlipid is prepared and
prior to experimentation is exposed to 10 cycles of ‘freeze-thaw’, i.e., cooling of
samples to 51C and warming to 371C. Then it is filled into the reservoir syringe
of the stopped-flow (kept at 101C) and injected into the reaction/observation
chamber (kept at 371C). Over time, as the solution warms, the light scatter signal
(355 nm) is followed at the phase transition (TM, melting) point of dimyristoylphosphatidylcholine (DMPC) and dimyristoylphosphatidylglycerol
(DMPG) lipids and molar ratio of 50:50.
As shown in Fig. 3, the light scatter signal for pure lipids is the largest and with
increasing myosin II concentrations (0.25-3.50 mM) the signal decreases. Based on
the relationship
lnðI  I 0 =I 0 Þ ¼ A  KxC

(1)

where, I0 is the scatter signal before and I after the phase transition, A the intercept
of the y-axis, K (association constant) the molar affinity of myosin II to lipids and C
the concentration of myosin II. Since the values of I and I0 are not very accurate,
the Boltzmann-Regression curve was used,
y¼

A1  A2
ðxx
1e 0 Þ=Dx þ

A2

(2)

where, A1 and A2 are I and I0, respectively, and x0 the center of the distribution, Dx
the width of the slope at point x0. Plotting the curves in Fig. 3 using the linear

Figure 3 Light scatter signals. Temperature-induced light scatter changes between 201C and
251C at 355 nm. Conditions: Lipid and myosin II concentrations: 1.82 mM and (a) 0 mM, (b)
0.25 mM, (c) 0.5 mM, (d) 1.5 mM, (e) 2.5 mM and (f) 3.5 mM, respectively.
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relationship, a molar affinity was determined for myosin II to lipid vesicles of K
(association constant) ¼ 0.59  106 M1. The affinity of protein association/insertion into lipid membranes is comparable to other membrane-associated proteins
like talin (K ¼ 2.9  106 M1) and vinculin (K ¼ 0.33  106 M1) [16]. For a
control bovine serum albumin (BSA) was used.

2.3. Binding Affinity of Myosin II (Associated/Inserted-Lipid) to Actin
The binding affinity of actin to myosin II (bound to lipid vesicles) at a constant
temperature using the stopped-flow method was assayed and compared to myosin II
and actin. Fig. 4 is a typical trace of myosin II binding to actin. A double exponential fit shows a rate of association for k+1 ¼ 3.86 s1 and for k+2 ¼ 0.72 s1 at
1 mM actin and 5 mM myosin II concentration at 355 nm. The binding kinetics
measured for actin and myosin II bound to lipids also showed a similar value.
Unfortunately, the noise level between 0 and 0.2 s was higher and difficult to fit.
To circumvent this problem, the method of ‘stationary titration’ was employed
using the stopped-flow apparatus. The light scatter signal at 355 nm was measured
using actin concentrations between 0.25-4 mM and at constant myosin II concentration (5 mM) in the presence/absence of lipids after 1 s of injection into
the reaction/observation chamber at 4 bar. The data were analyzed according to
Hiromi [18], using the following equation:


½A0 =a ¼ ½M0 þ K d þ ð½A0  a½M0 Þ
(3)
where [A]0 ¼ actin and [M]0 ¼ myosin II concentration at t ¼ 0 s; Kd ¼ binding
(dissociation) constant (Kd ¼ 1/K), and a ¼ the fractional saturation of myosin II

Figure 4 Stopped-£ow experiments. Averaged stopped-£ow traces of myosin II binding to actin
(n ¼ 3) with a super-imposed double exponential ¢t. Rates of association, k+1 ¼ 3.86 s1 and
k+2 ¼ 0.72 s1. Conditions: actin ¼ 1 mM, myosin II ¼ 5 mM, light scatter signal at 355 nm, and
temperature ¼ 231C.
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Figure 5 Binding kinetics. A plot of [A]a[M]as a function of [A]/a. The linear ¢t shows an
intercept with the y-axis that equals ([M]0+Kd). Kd for myosin II (bound to lipids) and
actin ¼ 0.362 mM; Kd for myosin II and actin ¼ 0.357 mM.

by actin. a is defined by the relationship,
a¼

I0  I
I0  I1

(4)

where, I0 ¼ light scatter signal in the absence and IN ¼ at infinitely high-actin concentration. Using these results, [A]a[M] (x-axis) was plotted against [A]/a (y-axis)
to give a linear relationship where, the intercept is the dissociation constant, Kd.
Results from measurements using equation (3) show a Kd for actinmyosin II of
0.357 mM and actin(myosin II bound to lipid) of 0.362 mM, respectively (Fig. 5).
The results are comparable with other membrane-associated proteins [16]. Figure 6 is
a schematic representation of actinmyosin II and actin–myosin IIlipid binding.

3. Differential Scanning Calorimetry (DSC)
DSC is the most direct experimental technique to resolve the energy of
conformational transitions of biological macromolecules. It provides an immediate
access to the thermodynamic mechanism that governs a conformational equilibrium, i.e., between folded and unfolded forms of a protein by measuring the
temperature dependence of partial heat capacity, DCp, a basic thermodynamic
property. The theory of DSC and the thermodynamic interpretation of the
experiment have been the subject of excellent reviews [19–21]. Here, a basic
description of the principle of the DSC method will be provided with special
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Figure 6 Schematic representation of protein^lipid interaction. Schematic view of (a) myosin II
(green) and putative binding to actin (red) and (b) myosin II (bound to lipid vesicles) and actin
(please see plate no. 5 in the color section).

emphasis on the potential of DSC to analyze the energetics of protein–lipid
association/insertion reactions.
Phospholipids can exist in solvent in a ‘gel-like’ (ordered) as well as ‘fluid-like’
(disordered) phase. The change from a gel to fluid-like phase of a solvated membrane
is called its phase transition or (melting point). As shown in Fig. 7, this change in
specific heat profile has a calorimetric maximum. Before reaching the main phase
transition temperature (TM), some lipids show a pre-transition phase (TV) at which
the ‘gel-like’ membrane changes from a lamellar (Lb0 ) to a ripple (Pb0 ) phase and
then proceeds into the fluid phase (La).
The saturated covalent bonds in the alkyl chains of lipids can assume many
torsion angles. The flexibility of these covalent bonds provides many degrees of
freedom. High-energy conformations reduce significantly the all-trans configurations and allow any angle of rotation. The phase change from ordered to disordered
behavior (melting) is regarded as first-order phase transition that follows Gibb’s law:
DG ¼ DH  T M DS ¼ 0;

or

T M ¼ DH=DS.

(5)

where, DS ¼ entropy, DH ¼ enthalpy and DG ¼ free (Gibb’s) energy. Using an
experimentally determined heat capacity (Cp), it allows the determination of the
phase change enthalpy,
Zfluid
DH ¼
C p DT ; DS ¼ DH=T M .
(6)
gel
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Figure 7 Di¡erential scanning calorimetry. Heat capacity curves and thermotropic phase
transitions of DMPC/DMPG vesicles.

From a kinetic view, the melting point is the state where the gel and fluid phase
are in equilibrium,
P fluid ðT M Þ
K 1¼

(7)
P gel ðT M Þ
The equilibrium constant, K is determined by the relationship,
K ¼ eDG=RT ¼ eðDHT DSÞ=RT

(8)

where K ¼ 1 at DG ¼ 0. Since the heat capacity is at a maximum at the phase
transition (melting) point, the enthalpy fluctuation is therefore also at a maximum.
Enthalpy also fluctuates with the surface area, i.e., ‘fluid-like’ lipids 4 ‘gel-like’
lipids and the size, i.e., the volume of lipid molecules is assumed to be constant. The
principle of the DSC apparatus is shown in Fig. 8.
The heating of the sample and reference solution is performed at a preset
heating rate, b ¼ DT/Dt, where the temperature of the system is determined by
T ¼ T0+bxt; (T0 is the temperature at t ¼ 0). The principle of DSC requires the
temperature of the sample (probe, TP) and reference (TR) solution to remain
constant, i.e., T ¼ TP ¼ TR. At an endothermic phase transition of the sample
solution, this has to be heated to a higher degree compared to the sample solution
to keep both temperatures at the same level. The heat output for the sample (PP)
will be larger than for the reference (PR), therefore the difference of the heat
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Figure 8 Schematic representation of the DSC apparatus. S, sample cell; R, reference cell; H,
heating coil; IC, insulating casing;TS, temperature sensor;TS andTR are the currently measured
temperatures in sample- and reference cell and (PR; left) and (TS ¼ PS; right) are the heat output
for the reference and sample cell.

output, DP equals PP–PR. This is reflected in the heat capacities DC(T) between
sample and reference which is proportional to
DCðT Þ ¼ C p  C R ¼ DPðT Þ=b.

(9)

In DSC thermograms, the difference of heat output DP is plotted against the
temperature T. At the known heat rate, b the heat capacity difference DC(T)
between the sample and reference solution as well as the partial dissipation of energy
in molar heat capacity can be determined. Figure 7 shows an example of a
thermogram for a DMPC and DMPG vesicle solution: pre-transition (TV) at 131C
and main transition (TM) at 231C. Integrating between the start (TS) and endpoint
(TL) of the DSC temperature signals determine the change in enthalpy
ZT S
C U DT ¼ DU H

(10)

TL

A differential scanning calorimeter Q100 from TA Instruments (Fig. 9) was used
and the reservoirs for the sample and reference solution are made of stainless steel
and to hold a volume of 100 ml each. Lipid-buffer solutions were placed in the
reference cell and the lipid-myosin-II-buffer solutions in the sample cell. Under
sealed conditions, both solutions were heated/cooled at a rate, b at 0.51C/min
between +71C and +351C in six cycles until the equilibrium of the phase transition
enthalpy was reached, using a mixture of DMPC and DMPG at a molar ratio 50:50.
A phase transition was observed at 231C. Data analysis was performed using the
software from Universal Analysis 2000 (TA Instruments) and Origin 7G.
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Figure 9 The calorimeter. Image of a calorimeter from TA Instruments (right) and sample and
reference cell (arrows, left).

Figure 10 Thermograms. DSC thermogram of DMPC/DMPG without (a) myosin II and with
myosin II (b-e). Conditions: Lipid and myosin II concentration: 14.62 mM, and (b) 0.62 mM,
(c) 1.45 mM, (d) 3.12 mM and (e) 6.24 mM, respectively.

3.1. Results
Myosin II insertion into phospholipid membranes was demonstrated using calorimetric measurements. The measurements were performed with multilamellar vesicles (MLVs) at 10 mg/ml consisting of DMPC/DMPG at a molar ratio of 50:50.
Using increasing myosin concentrations, the changes in main phase transition were
recorded (Pb0 2 La) as shown in Fig. 7. Adding increasing myosin II concentration
(traces b-e; 0.62-6.24 mM) to the lipid solution (a; no myosin II), a widening and
flattening of the peak curvature was observed (Fig. 10). The start (TS) and endpoint
(TL) of the phase transition are indicated by the arrows. The relative widening
calculated from the relation, ðDT 1=2  DT 01=2 Þ=DT 01=2 is shown in Fig. 11. For a
better comparison of the changes induced by the various myosin II concentrations,
the enthalpy changes, DH, were normalized to pure lipids, against DH0 (Table 1).
Plotting the enthalpy changes DH/DH0 against the molar ratios of myosin II and
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Figure 11 Phase transitions. A plot of TS (solidus points) and TL (liquidus points) taken from
Fig. 10 as a function of myosin II^lipid molar ratio.
Table 1 Normalizing myosin II concentration against constant lipid concentration and
enthalpy changes DH against DH0 (lipids only).
Lipid

Myosin (mM)

Myosin/Lipid

DH/DH0

Trace

10 mg/mlﬃ14.62 mM

0
0.62
1.45
3.12
6.24

0
1/23580
1/10080
1/4690
1/2345

1
0.91251
0.86383
0.74985
0.70055

a
b
c
d
e

lipids, an initial linear relationship followed by a saturation behavior of the lipid
vesicles for myosin II was observed. The control protein BSA showed no changes
(Fig. 12). Thermodynamic measurements (DSC) proved sufficient to determine the
insertion behavior of myosin II into lipid membranes composed of DMPG/DMPC
in vitro and the light scatter (stopped-flow) method confirmed these findings. The
binding affinity of myosin II associated with and without lipids and actin was of a
similar order of magnitude, confirming the previous observations of other membrane-interacting proteins [16].

4. Solid-State NMR Spectroscopy
Among the biophysical techniques that allow the investigation of peptides and
proteins in bilayer environments solid-state NMR spectroscopy has proven to be a
valuable tool. Recently, magic angle sample spinning solid-state NMR has resulted
in the first NMR structures in the solid state of proteins in a microcrystalline
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Figure 12 DSC plots. A plot of the changes in enthalpy DH/DH0 against myosin II^lipid molar
ratio. Bovine serum albumine (BSA) was used as a control protein.

environment [22] or when exhibiting a highly ordered microenvironment [23].
Furthermore, the technique makes accessible the structure, dynamics and topology
of membrane-associated polypeptides (reviewed, e.g., in Refs. [24–27]). Using
static-oriented samples, the tilt angles of helices with respect to the bilayer normal
have been determined [28], and by measuring a large number of conformational
constraints this approach has also been shown to be suitable for the complete
structure determination of membrane-bound peptides [23,29]. In this chapter, we
demonstrate how the orientation-dependence of NMR interactions is used to
extract angular constraints from such static-oriented samples.
Proton-decoupled 15N solid-state NMR spectroscopy of peptides labeled at the
backbone amides with 15N has been proven particularly convenient as this method
provides the approximate tilt angle of membrane-associated helices in a direct
manner [27,28]. Whereas transmembrane helical peptides exhibit 15N chemical
shifts around 200 ppm, sequences oriented parallel to the surface resonate at frequencies o100 ppm (Figs. 13A and B).
In a similar manner the deuterium quadrupole splitting of the alanine –C2H3
groups is dependent on the alignment of the polypeptide relative to the membrane
normal [30]. The technique has been used to study the membrane-channel
domains of the viral proteins Vpu [31] and M2 [32,33] also in the presence of the
channel blocker amantadine [34]. Furthermore antibiotic peptides have been studied in some detail using oriented solid-state NMR spectroscopy, including protegrin 1 [35], pardaxin [36], peptaibols [37–39], melittin [40] or magainins [41].
A family of designed histidine-containing antimicrobial peptides, which is also
efficient during the transfection of nucleic acids into cells [42], exhibits transmembrane alignments at neutral pH but reorients to the membrane surface at acidic
conditions [43]. By using solid-state NMR spectroscopy it was possible to show
that the peptide exhibits its most pronounced antimicrobial properties when oriented parallel to the membrane surface [44] suggesting that the detergent-like
properties of amphipathic peptides are essential for membrane permeation [45].
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Figure 13 Simulated solid-state NMR spectra. (A) and (B) show simulated 15N solid-state
NMR spectra of an a-helical polypeptide oriented with the helix long axis perpendicular (A)
or parallel (B) relative to the bilayer surface. The membranes are aligned with their normal
parallel to the magnetic ¢eld of the NMR spectrometer (B0). (C) and (D) show 31P solid-state
NMR spectra of liquid crystalline phosphatidylcholine membranes oriented with the lipid long
axes parallel (C) or perpendicular (D) to B0.

4.1. Theory: The Anisotropy of Interactions Measured in Solid-State
NMR Spectroscopy
The nuclear interactions with the magnetic field are inherently anisotropic and,
therefore, dependent on the orientation and conformation of the molecule
with respect to the magnetic field direction [46–49]. Whereas in solution fast
molecular tumbling ensures isotropic averaging of the nuclear interactions, the reorientational correlation times of molecules that are associated with extended
phospholipid bilayers are slow. Therefore, the anisotropic properties of these interactions are reflected in the NMR spectra of membrane-bound peptides or lipids.
The anisotropic chemical shift interaction is mathematically expressed by second
rank tensors, which in the principal axis system is described by three orthogonal
components s11, s22 and s33 (for a more detailed explanation see Ref. [28]). This
tensor can be transformed into other coordinate systems by successive rotations.
The component of the chemical shift tensor in direction of the magnetic field
direction (z-direction) corresponds to the measured NMR chemical shift value.
When expressed in terms of the Euler angles (Y and F) and the principal elements
of the chemical shift tensor s11, s22 and s33, the measureable szz amounts to
sZZ ¼ s11 sin2 Ycos2 F þ s22 sin2 Ysin2 F þ s33 cos2 Y
15

(11)

Whereas the static N chemical shift tensor of the amide bond exhibits s22 and s11
values in the 85 ppm and 65 ppm range, respectively, its s33 component is characterized by a much different value of approximately 230 ppm [50–54]. In a-helical
peptides the NH vector and the s33 component cover an angle of about 181 and
both are oriented within a few degrees of the helix long axis. Due to the unique
size of s33 and its orientation almost parallel to the helix axis it is possible to
measure an approximate alignment of the helix within oriented phospholipid
bilayers merely by recording the 15N chemical shift interaction. Therefore, in
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samples uniaxially oriented with the membrane normal parallel to the magnetic
field transmembrane a-helical peptides exhibit 15N resonances 4200 ppm
(Fig. 13A). In contrast, they resonate in the s11–s22 range (i.e.,o100 ppm) when
aligned parallel to the membrane surface (Fig. 13B). To arrive at a detailed structural
analysis of solid-state NMR spectra from oriented samples, motional averaging
and its effects on the chemical shift anisotropy have to be taken into consideration, however, the above analysis suffices for a semi-quantitative first analysis of
polypeptide–membrane interactions.
Furthermore the deuterium spectra of methyl group labeled alanines in oriented
membrane polypeptide sample have been analyzed. The methyl group of alanine
exhibits fast rotational motions around the Ca–Cb bond. As a result the 2H tensor
is axially symmetric with respect to the Ca–Cb bond vector, and the measured
splitting DnQ is directly related to the orientation of the CaCb bond:
3 e2 qQ ð3cos2 Y  1Þ
(12)
2 h
2
where Y is the angle between Ca–Cb bond and the magnetic field direction and
e2 qQ=h the static quadrupolar coupling constant [55]. As Ca is an integral part of
the polypeptide backbone, the orientation of the Ca–Cb bond also reflects the
overall alignment of the peptide.
Due to fast axial rotation of the phospholipids around their long axis the 31P
chemical shift is characterized by an averaged symmetric tensor. The singular axis
(s||) coincides with the rotational axis, i.e., the bilayer normal. In the 31P solidstate NMR spectra of pure liquid crystalline phosphatidylcholine bilayers the signal
at 30 ppm is thus indicative of phosphatidylcholine molecules with their long axis
oriented parallel to the magnetic field direction (Fig. 13C), whereas a –15 ppm 31P
chemical shift is obtained for perpendicular alignments (Fig. 13D). In perfectly
aligned samples the phospholipid bilayer spectra consists of a single line. Intensities
to the right of this peak can arise from phospholipids with molecular orientations
deviating from parallel to the magnetic field direction. In addition, signals in this
region (o30 ppm) can be due to local conformational changes of the phospholipid
head group, for example due to electrostatic interactions of the (–HPO
4 –CH2–
CH2–N+(CH3)3) dipoles of the phosphocholine head group, hydrogen bonding
and/or electric dipole–dipole interactions [56,57]. We routinely record 31P NMR
spectra of phospholipid bilayers also of the peptide carrying samples to test for the
quality of order and alignment of phospholipid bilayers.
DnQ ¼

4.2. Experimental Considerations
The peptides investigated by solid-state NMR investigations can be made available
either by biochemical overexpression or by chemical solid-phase peptide synthesis.
Whereas the former technique is well suited for uniform or selective labeling
schemes, the chemical approach allows for specific labeling of one or a few amino
acid residues. For example the talin peptide H17 with the sequence GEQIAQLIAGYIDIILKKKKSK-amide was prepared using automatic solid-phase peptide
synthesis. At the underlined positions the 15N-labeled analogue of alanine was
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incorporated. The peptide synthetic products are commonly analyzed and purified
using reversed phase high-performance liquid chromatography and their identity
confirmed by mass spectrometry.
Typically, 10–15 mg of the polypeptide is reconstituted into about 100–200 mg
of phospholipid by co-dissolving the compounds in organic solvents or organic
solvent–water mixtures. For sample preparations encompassing the talin peptide
hexafluoroisopropanol has proven a good choice. On the other hand, the denaturation of larger proteins should be avoided by the usage of aqueous buffers during
the reconstitution process. Typically the mixtures are dried onto 30 ultra-thin cover
glasses (9  22 mm), where applicable, the organic solvents completely removed and
the samples equilibrated at 93% relative humidity. The glass plates are then stacked
on top of each other, which results in small brick-shaped samples of 3–4 mm
thickness (Fig. 14). These are stabilized and sealed with teflon tape and plastic
wrappings. To ensure an optimal filling factor special NMR coils have been developed and tested for these samples [58]. These are flattened in such a manner to
reduce the empty space within the coil (Fig. 14). Considerable improvements in
signal-to-noise ratio can be achieved by this modification when compared to
standard commercial solid-state NMR coils [58]. The membrane normal is aligned
parallel to the magnetic field direction but alternative sample alignments have also
been investigated, e.g., when the dynamic properties of the membrane-associated
peptide are of interest [33,40,59]. Cross-polarization or Hahn echo NMR pulse

Figure 14 Solid-state NMR probe. The coils geometry has been adapted to the sample
geometry. A stack of glass plates with several thousand lipid bilayers in between each pair is
shown to the top left. The samples are protected and sealed before insertion into the £attened
coil of the NMR probe. Before acquisition the NMR probe is introduced into the NMR
magnet with the normal of the glass plates being oriented parallel to the magnetic ¢eld
direction (Reproduced with permission).
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sequences are typically used to acquire 15N, 2H and 31P NMR spectra with the
details given in previous publications, for example in Ref. [59,60].

4.3. Results and Discussion
Previous studies indicate the H17 exhibits membrane association predominantly
driven by hydrophobic interactions and with partitioning constants in the 104 M1
range thereby being comparable to that of posttranslationally attached membrane
anchors [61]. During the transfer from the aqueous to the membrane-associated
state H17 undergoes a conformational transition from random coil to 86% a-helix
[61]. The proton-decoupled 15N solid-state NMR spectrum of the talin peptide
H17 labeled with 15N at the alanine-5 position exhibits a chemical shift of 80 ppm
(Fig. 15). This value is indicative of an alignment of the peptide helix at the labeled
site approximately parallel to the membrane surface [28]. The range of 15N chemical shift values that is obtained from a-helices oriented at tilt angles of 601, 701, 801
or 901 (perfect in-plane alignment) are shown below the spectrum (Fig. 15A). This
comparison indicates that the peak maximum of the 15N maximum is in agreement
with tilt angles of 701–901. This slightly oblique alignment is in excellent agreement

Figure 15 Solid-state NMR spectra of the talin peptide in oriented phospholipid membranes.
(A) Proton-decoupled 15N solid-state NMR spectra of 11 mg of the talin peptide reconstituted
into 200 mg of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) membranes. The
mixture has been applied onto glass surfaces, which are oriented with their normal parallel to
the magnetic ¢eld direction. The bars indicate the calculated 15N chemical shift range for
peptides oriented at the indicated tilt angles relative to the membrane normal [27]. For the
simulations the static main tensor elements were 223, 75 and 61 ppm with an alignment of the
tensor elements as described in Ref. [54]. (B) Proton-decoupled 31P solid-state NMR spectrum
of the sample shown in panel A. The 31P NMR line shape represents the distribution of
alignments of the phospholipid head group in the sample.
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with molecular modeling calculations, which predict a tilt angle of 721 [62] as well
as with an area of insertion of 150 Å2, i.e., about 50% of the projection of the helix
onto the membrane surface [61].
However, the peak exhibits a considerable line width indicating that other
conformations and/or peptide alignments are also present at the labeled site. The
signal extends up to 110 ppm, a chemical shift value that is indicative of helix
alignments in the 501–751 range and/or reorientational averaging. At least two
different explanations offer themselves to explain the heterogeneity observed at the
labeled site. First, the alanine 5 position is relatively close to the N-terminus of the
peptide leaving the possibility that the helical structure is not very stable and in
conformational exchange. Second, it is possible that the helix as a whole adopts a
variety of alignments by slowly wobbling back and forth.
The 31P NMR spectrum of the same sample indicates that the peptide indeed
exhibits a pronounced bilayer disordering effect (Fig. 15B). Although a main signal
intensity is observed in the 30 ppm region considerable intensities extend throughout the chemical shift anisotropy of a liquid crystalline phosphatidylcholine bilayer.
These additional 31P signal intensities indicate that the lipid head group region
exhibits a wide distribution of membrane alignments relative to the membrane
normal. Interestingly, the H17 peptide from talin has been shown to exhibit
fusogenic activities [62], a process that modifies the membrane curvature and requires a high degree of local rearrangements of the membrane.
Although more solid-state NMR experiments would be required to establish a
detailed model of the structure and the dynamics of the talin peptide in
phospholipid bilayers, the data already demonstrate the basic principles on how
oriented solid-state NMR allows one to test not only the topology of membraneassociated peptides but also the polypeptides’ influence on the lipid bilayer macroscopic phase properties.
To describe the tilt angle more accurately or to fully determine the structure of
membrane-associated polypeptides by solid-state NMR spectroscopy additional
angular constraints are accessible. These can be derived, for example, from the 15N
or 13C chemical shift positions [40,63,64], 15N–1H dipolar coupling measurements
[65–67] or 2H quadrupolar interactions [30]. This latter approach has been particularly valuable as the deuterium NMR measurements provide additional information on the mosaicity of membrane alignment [68] as well as the rotational
diffusion rate and thereby the aggregation state of the peptides [69].
It should be noted that the solid-state NMR data develop their full strength
when it is possible to combine them with results from other investigations as has
been shown for amphipathic peptide antibiotics, transfection peptides [42–44], a
peptide from ras [70] or the H17 peptide described here [61,62].

5. Fluorescence Recovery after Photobleaching (FRAP)
Anchorage-dependent cells adhere to substrates through the ligation of transmembrane proteins, called integrins to extracellular matrix (ECM) molecules like
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fibronectin, collagen and vitronectin [71]. The ligation and clustering of integrins
gives rise to the recruitment of a variety of proteins like talin, vinculin and a-actinin
[72] that physically connect integrins to the intracellular actin cytoskeleton
(Fig. 16), resulting in the formation of a multi-protein complex called the ‘focal
adhesion’ [72]. The focal adhesion forms a physical path for transferring intracellular forces generated in the contractile actin cytoskeleton which are transmitted
through integrins onto the ECM substrate. Importantly, mechanical forces generated in the actin cytoskeleton promote adhesion assembly [73,74]. However, the
underlying mechanisms are unclear.
Externally applied mechanical forces regulate the composition and the concentration of macromolecules that localize within focal adhesions. Focal adhesion
assembly also regulates soluble signaling pathways, including Erk signaling that
controls cell growth [75]. A variety of signal transduction pathways that control cell
shape, gene expression, differentiation and apoptosis are triggered by integrin
ligation [75–81]. Forces applied to beads that are ligated to integrin receptors
induce a variety of responses including cAMP signaling [82–85], Ca2+ influx
(through mechanosensitive ion channels), cytoskeletal remodeling [84], alterations
of cell shape [85,86] and changes in nuclear morphology [87]. Thus, the focal
adhesion is really a nano-scale mechano-chemical machine that transduces mechanical forces into intracellular biochemical signals, and therefore mediates both

Figure 16 Fluorescence images. Fluorescence image of a single capillary endothelial cell
expressing GFP-vinculin (green), stained for F-actin with Alexa phalloidin (red) and nuclei
with DAPI (blue). Note: how each actin stress ¢ber is anchored into focal adhesions at its distal
ends (bar ¼ 10 mm). Reproduced with permission from Ref. [103], Copyright (c) 2006,W|ley-Liss,
Inc. (please see plate no. 6 in the color section).
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chemical and physical control of cellular physiology by ECM and mechanical
forces.

5.1. Focal Adhesions and the Plasma Membrane
The formation of focal adhesions causes an increase in the levels of
phosphatidylinositol-4,5-bisphosphate (PIP2) [88,89], while antibodies to (PIP2)
inhibits adhesion assembly [90]. The adhesion protein vinculin interacts with (PIP2)
leading to vinculin activation, which promotes its binding to other adhesion proteins like talin and VASP [90]. Scaffold proteins localized to adhesions like a-actinin
and filamin also bind to (PIP2) [91–93]. Interactions between adhesion proteins and
the lipid membranes may expose cryptic-binding sites leading to adhesion assembly,
activate the rho pathway and promote actin filament assembly through membranetethered proteins like N-WASP [94]. The formation of focal adhesions may also
regulate the formation of rafts at the lipid membrane; recent studies suggest that
adhesion formation results in more order at the lipid membrane than caveolae [95].
Measuring the binding kinetics of proteins anchored to the living plasma membrane
and other binding partners in focal adhesions may shed light on membrane-regulated mechanisms of adhesion assembly and regulation. In this chapter, we review
our results on measuring the dissociation rate constants of vinculin, a membraneassociated adhesion protein, and zyxin, an adhesion protein that indirectly associates
with the lipid membrane through binding interactions with a-actinin [9].

5.2. Quantifying Protein–Protein Binding Kinetics Inside Living Cells
Methods discussed previously in this chapter focused on measuring binding affinities between proteins in vitro. Complementary methods that can similarly quantify
binding kinetics inside living cells are needed. This may help understand how
protein–protein binding interactions may be regulated through intracellular signaling pathways, and how this may influence cellular physiology. For example, mechanical force may alter the binding kinetics of individual adhesion proteins
through force-dependent modulation of protein conformation. This may result in
net assembly of disassembly of molecules into adhesions. To test this hypothesis,
methods that can quantify the binding kinetics of individual proteins inside a living
cell are necessary. Such methods in combination with knowledge gained from
in vitro studies of purified proteins may result in greatly increased insight of how
multi-protein complexes are self-assembled, and how they function.

5.3. Method and Setup of FRAP
The diffusion coefficient of proteins inside living cells can be determined using laser
photobleaching techniques, such as FRAP [96–98] in conjunction with mathematical models [99–102]. In FRAP, fluorescently labeled molecules within a small
region of the surface membrane, cytoplasm or nucleus are exposed to a brief pulse
of radiation from a laser beam at the excitation wavelength of the fluorophore
(Fig. 17). This irradiation bleaches all the molecules within the path of the beam
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Figure 17 Diagram of molecular behavior during FRAP. (A) Before photobleaching, the bound
molecules are in equilibrium with the free molecules. After photobleaching, there are two
di¡erent modeling assumptions, (B) photobleached molecules are still bound to binding sites,
and (C) exchange between £uorescent and bleached bound molecules, along with di¡usive
mixing leads to recovery (grey circles, £uorescent molecules; black circles, photobleached
molecules). Reproduced from Ref. [104] with permission.

without altering their structure or function. Repeated fluorescence images of the
bleached zone can be used to measure the rate at which fluorescent molecules
redistribute and replace photo-bleached ones. If there is significant binding of
molecules to structures in the bleached spot, fluorescence recovery will occur not
only from diffusion, but rather from the interplay between binding–unbinding and
diffusion. Thus, FRAP data can be potentially employed to make estimates of
parameters that characterize the diffusion coefficient, binding rate constant and
unbinding rate constant of proteins inside living cells [100]. This provides a
significant advantage over biochemical methods that study molecules in solution
because it permits analysis of the influence of cellular microenvironments on
molecular interactions.
FRAP experiments are typically carried out using laser-scanning confocal
microscopes like the Zeiss LSM 510 or the Leica TCS SP2 microscopes. In a laserscanning confocal microscope, the fluorescence image is created by raster-scanning
a highly focused excitation (laser) beam across the sample and recording the emitted
fluorescence with a photomultiplier. The image is generated by combining
individual pixel data into a computer-generated image. This mode of operation
is particularly useful for FRAP experiments, because arbitrary shapes in the sample
can be bleached during the raster scan by ramping up laser power selectively
in pre-defined areas of the sample, while keeping the incident intensity at zero
levels elsewhere. An acousto-optical tunable modulator (AOM) is used to increase
the incident laser intensity in very short times (microseconds) in pre-defined
bleached spots. Having bleached pre-defined areas, the subsequent recovery in
fluorescence can be recorded by capturing fluorescence images over defined time
intervals.

5.4. Results
FRAP experiments were performed on the Zeiss LSM 510 META/NLO microscope using a 63X 0.95 NA IR corrected water immersion lens. The 488 nm line
of an Argon/2 multiple-lined single-photon laser source (10% of full power) was
used for GFP excitation; 100% of the 488 nm line was used for photo-bleaching
with 10 iterations corresponding to less than a millisecond. The size of the photobleached spot was chosen to be less than a square micron (Fig. 18A). Images were
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collected using the Zeiss LSM 510 software (version 3.2). All experiments on
microscopes were performed at 371C using a temperature-controlled stage.
FRAP experiments revealed that zyxin, a focal adhesion protein and putative
mechanosensor exchanges with the cytoplasm in several seconds (Fig. 18A). Cells
were then treated with Y27632, a small molecule inhibitor that inhibits myosin
II phosphorylation, and reduces mechanical force exerted by stress fibers on the
focal adhesion. This accelerated the rate of fluorescence recovery of zyxin, while
that of vinculin, another adhesion protein remains unchanged. This effect of
mechanical force on the exchange rates of zyxin was captured in different types
of experiments including laser-severing of individual stress fibers or changing
ECM stiffness that ultimately altered the mechanical force exerted on adhesion
sites.

5.5. Quantitative Analysis of FRAP Experiments
Fluorescence recovery occurs in the photo-bleached spot (Fig. 18B) because photobleached zyxin unbinds from the focal adhesion with a dissociation rate constant
kOFF, and is replaced by a fluorescent molecule which rebinds with a rate constant
kON. Fluorescent molecules in the cytoplasm diffuse with a diffusion coefficient D
(Fig. 19). Cytoplasmic diffusion coefficients of proteins of the size of zyxin have
a diffusion coefficient of a few microns/second. Based on cytoplasmic diffusion
coefficients, the diffusion time for zyxin across the 60 nm thickness of the adhesion
is on the order of a few milliseconds. Studies of focal adhesion ultrastructure suggest
that the interstitial pore size is on the order of 10–30 nm [103]. Given that the size
of proteins is on the order of 3–5 nm, the protein size is much smaller than the
interstitial size inside focal adhesions. Hence, the interstitial diffusion coefficient
of zyxin is not expected to be significantly different from that inside the cytoplasm.
To explain the time scales observed for zyxin (Fig. 18A) purely based on diffusion,
the interstitial diffusion coefficient would have to be 0.001 square micron/second, a
number that is unreasonably low given the difference in protein size and adhesion
pore size.
When diffusion is not rate limiting, the recovery of the fluorescence can be
described by the differential equation dC^ F =dt ¼ kON SC F  kOFF C^ F and C^ F ð0Þ ¼
aC^ 0 : Here, C^ F is the concentration of bound fluorescent protein, CF is the concentration of freely diffusing protein, S is the concentration of available binding
sites, C^ 0 ¼ kON SC F =kOFF is the pre-bleach concentration in the focal adhesion,
and a denotes the fraction of fluorescent molecules that are not bleached in the
photo-bleached spot. Making the assumption that CF is constant (satisfied when
Figure 18 FRAP analysis of GFP zyxin recovery within individual photobleached focal
adhesions. (A) Representative images of a FRAP experiment in control versus Y27632-treated
cells showing that force dissipation accelerates zyxin recovery. Arrows indicate photobleached
spots within individual focal adhesions that are analyzed over a period of 36 seconds follow
photobleaching (bar ¼ 2 mm). (B) Recovery curve for zyxin in control (open circles) versus
Y27632-treated cells (closed triangles) from the experiment shown in A; solid lines are curves
¢t to the data using the method of least squares to estimate the dissociation rate constant kOFF
(please see plate no. 7 in the color section).
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Figure 19 Schematic representation of FRAP. Schematic picture of molecular processes
underlying exchange between the cytoplasmic di¡using protein and the adhesion-bound
protein during FRAP. The black molecules indicate photobleached molecules, the rest are
£uorescent. The vertical dimension of the adhesion is 60 nm, implying that the di¡usive length
scale is very small and arguing against di¡usion being the rate limiting step (see text).

there is minimum photo-bleaching of cytoplasmic diffusing protein, and if the
cytoplasmic diffusion is very fast compared to recovery times in the adhesion itself);
the solution to the differential equation is C^ F  aC^ 0 =C^ 0  aC^ 0 ¼ 1  ekOFF t :
Hence, normalized fluorescence recovery in the FRAP experiments yield kOFF in
Fig. 18B.
Decreasing the force exerted on the focal adhesions using Y27632 resulted in
a continuous time-dependent increase in kOFF of zyxin [103], with the average
value of kOFF increasing nearly 2.5-fold [103]. Laser ablation experiments in which
individual stress fibers were cut to relax tension showed a similar increase in kOFF in
the anchored adhesion. Surprisingly, similar experiments with vinculin revealed
that the values of kOFF corresponding to both of its two dynamically distinct
subpopulations remained unchanged after treatment with Y27632 [103]. Thus,
the molecular-binding kinetics of some, but not all, focal adhesion proteins are
selectively sensitive to changes in cytoskeletal tension.
The kOFF measured in these experiments is really an ‘effective’ rate constant.
This is because a protein may bind to multiple binding partners inside cells
simultaneously. Further experiments that measure similar properties in vitro for
protein–protein pairs may be useful in interpreting the intracellular data. FRAP
experiments combined with systematic molecular biology experiments (relying on
mutagenesis, deletion, etc.) that interfere with specific interactions in cells may also
be useful to tease out pair-wise contributions to the time scales. In conclusion, a
judicious combination of the in vitro methods and in vivo methods discussed in this
chapter may help yield unprecedented insight into the molecular mechanisms of
protein function at the cytoskeletal-lipid interface.
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